The data underlying this study have been uploaded to the Image Data Resource repository and are accessible using the following URL: <https://doi.org/10.17867/10000119>.

Introduction {#sec001}
============

Within the organism most tissue cells are permanently exposed to mechanical deformation. For example, cells of the myocard experience strains of up to 30% with each heart beat \[[@pone.0210570.ref001]\] and cells lining the alveoli of the lung experience similar strains during breathing \[[@pone.0210570.ref002]\]. Even larger strains, of up to 80%, have been inferred for soft tissues of the shoulder as a result of carrying a backpack \[[@pone.0210570.ref003]\]. Consequently, most tissues exhibit structures that are clearly adapted to these intense mechanical deformations. Obviously, cells embedded in these tissues must sense the mechanical signal and adapt to it. In cases where these cellular adaptations to mechanical strain are compromised or maladapted, severe pathological disorders like enlargement of cerebral aneurysms \[[@pone.0210570.ref004]\] and right heart failure in response to pulmonary arterial hypertension \[[@pone.0210570.ref005]\] occur. Thus, the interplay of tissue cells and mechanical signals is of high interest.

Unraveling the processes underlying cellular reactions to deformation is a challenging task, as it is very difficult to apply well-defined mechanical signals and to quantify the ensuing responses. This challenge can be met in experiments on cells cultivated on elastomeric substrates undergoing uniaxial or biaxial strain \[[@pone.0210570.ref006]--[@pone.0210570.ref010]\] because here substrate strain can be carefully controlled and cellular reactions can be well studied by most techniques of molecular cell biology.

Cell reactions to applied stretch have recently been reviewed \[[@pone.0210570.ref011]\]. The most obvious response to cyclic substrate strain is reorientation of the cell body and of the cytoskeletal systems endowing the cell with mechanical stiffness and with the ability to adhere to and tense its substrate. This process is most likely driven by the need to re-establish mechanical homeostasis and depends on substrate stiffness, strain amplitude, strain frequency, and the exact waveform of the applied repetitive strain \[[@pone.0210570.ref008], [@pone.0210570.ref010], [@pone.0210570.ref012], [@pone.0210570.ref013]\]. While all three cytoskeletal systems (microtubules, cytoplasmic intermediate filaments and actin) clearly undergo reorientation \[[@pone.0210570.ref014]\], the distinct processes differ greatly. At present, much evidence points towards a dominant role of actin stress fibers. For example, Dartsch et al. \[[@pone.0210570.ref007]\] commented on the massive changes of actin cytoskeletal structure while microtubules just rotate. Wang et al. \[[@pone.0210570.ref015]\] reported that contractility of stress fibers is mandatory for cell reorientation. Moreover, Iba et al. \[[@pone.0210570.ref014]\] and Goldyn et al. \[[@pone.0210570.ref016]\] described that pharmacological weakening of the actin cytoskeleton abrogates cellular reorientation whereas depolymerization of microtubules has no effect on reorientation itself but accelerates reorientation \[[@pone.0210570.ref017]\]. Beyond these generalized effects, local orientations of actin fibers and microtubules have been determined revealing that cyclic stretch increases the correlation of these fiber directions. These findings have led to the hypothesis of strain dependent functional association between those two cytoskeletal networks \[[@pone.0210570.ref017]\].

Cytoskeletal reorientation has been mostly studied via measurement of the direction of the fibers forming the respective cytoskeleton. Yet, fluorescence micrographs clearly point to an additional strain-induced increase of order, especially in the actin cytoskeleton. Unfortunately, quantification of cytoskeletal order is a demanding task. Several studies that tackled this problem adopted a two-step approach. First, they traced filaments in immunfluorescence micrographs and, subsequently, they calculated parameters characterizing cytoskeletal structure and order. While there are surprisingly many methods to extract centerlines of fibrous structures from images, cf. Eltzner et al., \[[@pone.0210570.ref018]\] and references therein, most authors have used algorithms based on correlating the fluorescent image suffering from noise and limited resolution with a synthetic image of a short fiber. In these methods, the correlation coefficient is used as likelihood for positions and orientations of fibers. This approach was elegantly pioneered by Lichtenstein et al. \[[@pone.0210570.ref019]\] and later substantially expanded by Shah \[[@pone.0210570.ref020]\] and Basu \[[@pone.0210570.ref021]\]. Examples for parameters used to characterize cytoskeletal networks are fiber length and distance between branches \[[@pone.0210570.ref020], [@pone.0210570.ref022]\], the order parameter known from liquid crystal physics \[[@pone.0210570.ref023]--[@pone.0210570.ref025]\], and a generalization of the latter capable of capturing the orientational correlation between two sets of filaments \[[@pone.0210570.ref026]\]. As an alternative to network extraction, methods from texture analysis have also been widely used. Here, fibrous structures are identified by edge-sensitive filters \[[@pone.0210570.ref027]\], Fourier transform methods \[[@pone.0210570.ref016], [@pone.0210570.ref028]\], or the characteristic local variation of gray values, i.e., by gray value gradients and the structure tensor derived from those \[[@pone.0210570.ref008], [@pone.0210570.ref029], [@pone.0210570.ref030]\].

Exploiting such methods it was found that cytoskeletal order is clearly dependent on mechanical signals. For example, during wound healing stress fiber orientation is clearly non-random with respect to the long axis of the wound \[[@pone.0210570.ref028]\]. In addition, actin cytoskeletal order depends on the mechanical treatment of the wound \[[@pone.0210570.ref031]\]. Moreover, substrate stiffness determines the liquid crystalline order parameter of the stress fiber network in mesenchymal stem cells \[[@pone.0210570.ref024], [@pone.0210570.ref025]\] and in a cell line a sudden alteration of substrate stiffness was shown to induce a delayed but pronounced decay of the same parameter \[[@pone.0210570.ref023]\]. Even closer related to our work, some authors report on the order of the actin cytoskeleton in cells undergoing cyclic strain. Cardiac fibroblasts respond to equiaxial, cyclic strain by changes of the fractal dimension of their actin cytoskeleton \[[@pone.0210570.ref032]\] and a fibroblast line was shown to increase the parallel alignment of their stress fibers upon cyclic uniaxial strain \[[@pone.0210570.ref033]\].

Taken together, there is compelling evidence that cytoskeletal structure and order change in response to mechanical signals. However, a systematic and quantitative study of the relation between the different cytoskeletal systems is still missing. Here we set out to explore the influence of cyclic straining on all three cytoskeletal systems. To do so we cultivated human umbilical cord venous endothelial cells (HUVECs) on silicone lamellae and exposed them to cyclic strain of 14% amplitude and 130 mHz frequency. Cells were fixed, stained for microtubules and simultaneously for either actin or vimentin, and imaged by light microscopy. Because the structures of the three cytoskeletal systems are extremely different with respect to connectivity, straightness, inter-filament distances and crossings, none of the above mentioned methods to quantify cytoskeletal structure seemed capable of dealing with all cytoskeletal systems without massive modifications for each. Therefore we saw the need for a generic, conceptually simple method and resorted to auto- and cross-correlation analysis, a mathematical method from statistics widely used in physics to detect and quantify order in noisy and seemingly random data \[[@pone.0210570.ref034], [@pone.0210570.ref035]\].

With this tool we tackled the following questions: As individual cells exhibit cytoskeletal order even before straining, does cyclic substrate straining simply align the individual cells or does it also increase the order in each cell? Is strain-induced ordering different for the three cytoskeletal systems? And, finally, how large are the influences of the individual cytoskeletal systems on each other?

The same fluorescence micrographs analyzed here for cytoskeletal order have been already used to explore reorientation, i.e., rotation, of the cytoskeletal systems with established algorithms \[[@pone.0210570.ref036]\]. Therefore this aspect will be largely ignored here.

Materials and methods {#sec002}
=====================

Cell straining {#sec003}
--------------

Cell straining was performed in chambers from silicone elastomer (Sylgard 184; Dow Corning, Auburn MI; Base to cross-linker ratio 40:1 with a Young's modulus of 50 kPa). Chamber manufacturing was done as described before \[[@pone.0210570.ref008]\] with the only exception that the microstructure molded into the chamber bottom was reduced to two narrow lines of microdots at the outer edges of the analysis region (inner square centimeter of a 2 cm wide rectangular chamber). This still enabled exact alignment of samples during microscopy but excluded contact guidance. Chambers were coated with human fibronectin (BD biosciences) by 30 min incubation at 37 °C with a 20 μg/mL solution in phosphate buffered saline (PBS, 137 mM NaCl, 2.7 mM KCl, 1.47 mM KH~2~PO~4~, 8.1 mM Na~2~HPO~4~, pH 7.4) and subsequent washing with the same buffer.

Cell culture {#sec004}
------------

Primary HUVEC cells (order number C2519A from Lonza) were cultivated at 37 °C and 5% CO~2~ in humidified atmosphere. Cultivation took place in endothelial growth medium 2 (EGM-2; produced from Endothelial Basal Medium 2 and the SingleQuots Supplement; both Lonza). Only cells of passages 1 to 5 were used. In a fibronectin coated straining chamber 15000 cells were seeded. Following an adhesion period of 16 h, cell straining (14% amplitude, 130 mHz frequency, trapezoidal approximation of a sine wave) was applied for predefined durations.

In some experiments microtubules were destabilized by 10 μM nocodazole (Sigma). It was added from a 1 mM stock solution in DMSO (dimethyl sulfoxide) 10 min before stretch and remained present throughout. Controls for these data sets were cells treated with DMSO alone.

Immunocytochemistry {#sec005}
-------------------

Immunocytochemical labeling was done immediately after straining. For actin and microtubule staining cells were fixed for 30 min at 37 °C with 3.7% paraformaldehyde (Merck) in cytoskeleton buffer (CB; 150 mM NaCl, 5 mM MgCl~2~, 5 mM glucose, 5 mM EGTA, 10 mM MES; all from Sigma; pH 6.1). The reaction was quenched with glycine (Sigma; 10 min, 30 mM in CB) and cell membranes were permeabilized with 0.2% Triton-X in CB for 10 min. After three times washing with CB, samples were blocked with 10% goat serum (Sigma) in CB for 30 min. Cells used for immunostainings of microtubules and vimentin were fixed with methanol (Merck) at -20 °C for 10 min and directly blocked with 5% BSA in CB for 30 min. After rinsing all samples with CB, primary antibodies were added for 1 h at 37 °C. Unbound antibodies were removed by washing three times in CB with 0.2% Tween-20 (Sigma) for 5 min, followed by incubation with secondary antibodies in CB for 60 min at 37 °C. Primary and secondary antibodies were diluted (1:100) in either 2% goat serum or 1% BSA in CB. Samples were washed in CB and rinsed with water. Subsequently, elastomer chamber bottoms were attached to a microscope slide and chamber walls removed with a scalpel. For best imaging, samples were mounted with Fluoromount (Sigma) containing 0.1% 1,4-diazabicyclo\[2.2.2\]octane (Sigma) and overlaid with a cover slip. Primary antibodies used were directed against tubulin (clone YL ½ \[MAB1864\], Millipore) and vimentin (clone VIM-13.2 \[V5255\], Sigma). Corresponding secondary antibodies were coupled to Cy2 (F(ab)~2~ fragment; Dianova) or to Alexa Fluor 647 (Invitrogen). The actin cytoskeleton was stained with Alexa Fluor 546 labelled phalloidin (Invitrogen).

Microscopy {#sec006}
----------

Microscopy was done on an inverse confocal laser scanning microscope (LSM510, Carl Zeiss, Jena, Germany) equipped with an oil immersion lens (PlanNeofluoar 40x/1.30 Ph3, Zeiss). Alexa Fluor 488 was excited with the 488 nm line of an argon ion laser and observed through a band-pass filter (505 nm-530 nm), Cy3 with a 543 nm HeNe laser (band-pass 560 nm-614 nm) and Alexa Fluor 647 with a 633 nm HeNe laser (long pass 650 nm). Pixel size ranged from 101 nm to 167 nm, with the majority of micrographs acquired at a pixel size of 112 nm. For analysis the images were therefore interpolated to a common pixel size of 112 nm.

Statistical analysis {#sec007}
--------------------

Statistical significance was tested by the non-parametric Kolmogorov-Smirnov (KS) test \[[@pone.0210570.ref037]\]. We report the resulting P value, that is, the probability that the measured distributions of data points arose from the same underlying probability distribution. Moreover, the effect size was characterized by Hedges' g \[[@pone.0210570.ref038]\] defined as $g = b\frac{\left\langle x_{1} \right\rangle - \left\langle x_{2} \right\rangle}{s_{p}}$ where \<x~n~\> denotes the mean value of the nth data set, $s_{p} = \sqrt{\frac{\left( {n_{1} - 1} \right)s_{1}^{2} + \left( {n_{2} - 1} \right)s_{2}^{2}}{n_{1} + n_{2} - 2}}$ the standard deviation of the pooled data sets consisting of n~i~ samples with standard variations s~i~. The correction factor b to remove statistical bias is given by $b = 1 - \frac{3}{4\left( {n_{1} + n_{2}} \right) - 9}$ and for our sample sizes (\>51) very close to 1.

Results {#sec008}
=======

Human umbilical cord vein cells were strained for predefined periods and stained for either actin and microtubules or vimentin and microtubules. Micrographs, cf. [Fig 1](#pone.0210570.g001){ref-type="fig"}, clearly showed rotation of cytoskeletal fibers and cell outlines away from the direction of strain. Moreover, the images pointed towards increased alignment and reinforcement, especially of the actin cytoskeleton.

![External straining aligns the cell cytoskeleton.\
Immunofluorescence micrographs of actin and microtubules (left) and vimentin and microtubules (right) in control cells (top) and cells strained for 8 h at 14% and 130 mHz (bottom). Stretch direction is vertical. Image pairs show identical cells. Scale bar, 20 μm, applies to all.](pone.0210570.g001){#pone.0210570.g001}

Image processing and data analysis algorithms {#sec009}
---------------------------------------------

Our first task was to find an evaluation method capable of quantifying cytoskeletal order. Especially the analysis of the finely structured microtubule and vimentin patterns ([Fig 1](#pone.0210570.g001){ref-type="fig"}) was challenging. As here many intersections of fibrous structures occur, all algorithms relying on edge detection (e.g. the structure tensor approach; \[[@pone.0210570.ref008], [@pone.0210570.ref030]\] or Sobel filters \[[@pone.0210570.ref027]\]) will give uncertain results. Moreover, in these two cytoskeletal systems it appeared impossible to trace individual filaments or fiber bundles as is established for the actin cytoskeleton \[[@pone.0210570.ref019], [@pone.0210570.ref021]\]. Therefore we resorted to correlation analysis. However, autocorrelating the fluorescence micrographs directly gave results that were very difficult to interpret. We also tried Fourier transforms of these images to determine cytoskeletal order \[[@pone.0210570.ref028]\] but to no better avail. Most likely reasons for these problems were inhomogeneous staining, debris and bright artifacts around the nucleus that together obscured all Fourier space or correlation patterns originating from cytoskeletal systems.

For this reason we introduced a processing step to extract cytoskeletal, i.e. fibrous structures. To this end, micrographs were segmented by a two-step algorithm. In the first step, we determined a cell mask by the triangle segmentation algorithm of Zack et al. \[[@pone.0210570.ref039]\]. This algorithm uses the histogram of gray values for foreground-background separation. In detail, in the histogram a line is drawn from the absolute maximum to the highest gray value occurring in the figure and the distance of each point on the histogram to this line is determined. The gray value of the histogram point with the highest distance to this line is chosen as threshold for segmentation.

In the second step, we had to separate cytoskeletal structures from artifacts. For this separation we used the fact that cytoskeletal structures are of small dimensions, at least in one direction. Thus, they should exhibit a high local variance of gray values. With this in mind, we selected the variance-based segmentation method of Niblack \[[@pone.0210570.ref040]\]. In this method, the local mean *m* and the local standard deviation *s* are calculated in a circular region around each pixel at indices *i*, *j*. The pixel value is set to one if its gray value satisfies *G(i,j)* \> *m* + *s*/2. We tested different radii and found most convincing results for a radius of 7 pixels and consistent results for slightly altered filter radii. Moreover, the square grid of the pixelated images resulted in different response of this filter for lines oriented under different angles. This artifact could be reduced by including all pixels that are intersected by the circle of radius 7 around the central pixel with a weight factor that corresponds to the fraction of pixel area within this circle.

Both masks were combined by a logical AND operation and isolated regions of size one pixel were deleted from the final mask (for examples, see [Fig 2](#pone.0210570.g002){ref-type="fig"}). From such *N* by *M* sized binary images autocorrelograms, *AC*, were calculated according to Frykman and Rogon \[[@pone.0210570.ref041]\].

![](pone.0210570.e004.jpg){#pone.0210570.e004g}
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![A two-step algorithm consisting of image segmentation and autocorrelation of the resulting binary masks enables calculation of correlograms.\
Top actin stain, middle microtubules, bottom vimentin. Shown are fluorescence micrographs, the results of segmentation (Binary Mask), the autocorrelograms of the respective cells (AC), and the results of averaging over the whole population (\<AC\>; 299 cells actin, 688 cells microtubules and 389 cells vimentin). Duration of straining 8 h, stretch direction vertical. Scale bars, 10 μm for micrographs and binary masks, 2 μm for correlograms.](pone.0210570.g002){#pone.0210570.g002}

Here the analysis region (*N* by *M* pixels) was the smallest rectangle enclosing the cell. Computation was accelerated substantially by calculating the correlation in Fourier space with ample zero padding to avoid the wrap-around problem \[[@pone.0210570.ref042]\].

Resulting correlograms of different cells were averaged. It is difficult to determine the statistical uncertainty of the correlation of noisy data, especially if these data sets are of limited length \[[@pone.0210570.ref043], [@pone.0210570.ref044]\]. Therefore we did not apply any weight factors during averaging and determined the statistical uncertainties of the averaged data from the variance between different cells.

Because a binary image, or mask, was correlated, the correlation function *AC(i,j)* has a straightforward interpretation. It is simply the joint probability that one point and another shifted by a vector *(i,j)* are both on the mask. Therefore, it decays slower in fiber directions than in others. Moreover, this algorithm is sensitive to translational order and faithfully indicates multimodal distributions of fibers. Examples are shown in [S1 Fig](#pone.0210570.s001){ref-type="supplementary-material"}. Nevertheless, especially at longer durations of stretching the vast majority of cells displayed unimodal distributions.

Since autocorrelation is extremely efficient in extracting repetitive features, an influence of the segmentation algorithm on the final correlograms was expected. To test this we produced synthetic data containing realistic noise and applied the above algorithm to them, see [S2 Fig](#pone.0210570.s002){ref-type="supplementary-material"}. In the correlograms of these synthetic data, direction and length of lines were clearly seen, but their width was obscured by a filter-induced artifact consisting of a dark halo around fibers in the segmented image. Therefore the bright bow-tie shaped structures in the centers of the correlograms in [Fig 2](#pone.0210570.g002){ref-type="fig"} reflect fiber orientation and length distribution but the kidney shaped dark spots above and below are artificial products of the Niblack filter.

Strain-induced ordering of cytoskeletal systems {#sec010}
-----------------------------------------------

With increasing duration of cyclic strain all three cytoskeletal systems ordered substantially, cf. [Fig 1](#pone.0210570.g001){ref-type="fig"}. Here, both orientational and translational order increased. Both could be quantified using the autocorrelogram. For the analysis of orientational order we normalized the individual two-dimensional autocorrelograms by the area coverage. Then the individual correlograms were analyzed in a ring around the center (outer radius 21 pixel corresponding to 2.35 μm, inner radius 9 pixel or 1.01 μm, i.e. beyond the size of the Niblack filter kernel) where we determined the average value of the autocorrelation function in 1° wide slices. The result of this calculation is called \"radial orientation function\" in the following. Radial orientation functions were averaged over all cells investigated at identical conditions. Results are shown in [Fig 3](#pone.0210570.g003){ref-type="fig"}. In this averaging step variations from cell to cell were analyzed. Because the values were almost normally distributed, we represent scatter by standard errors of mean. Moreover, as the autocorrelogram is by its construction point symmetric around the center, both half circles were averaged.

![Radial orientation increases with duration of cyclic straining.\
Shown are radial orientation functions (see text for definition). From left to right: actin, microtubules, and vimentin. Population averages are shown, offset (value at 0°) subtracted. Direction of strain was 0°. Color code depicted at the right and scale shown at the left apply to all graphs. Bars are standard error of mean; for clarity only highest and lowest value at each condition shown. Sample sizes in order from long to short duration: actin 299, 1082, 276, 1958, 553, 597, 502, 386, 415; microtubules 688, 1082, 276, 1958, 973, 1139, 1024, 904, 863; vimentin 389, 420, 542, 522, 518, 448. Note that 4 h, 2 h, and 1 h duration were not measured for vimentin.](pone.0210570.g003){#pone.0210570.g003}

This procedure (cf. [Fig 3](#pone.0210570.g003){ref-type="fig"}) clearly showed by far the strongest directional order for the actin cytoskeleton. Here, both final order and the kinetics of build-up were highest. Compared to this, microtubules reoriented somewhat less and slower whereas vimentin only reoriented weakly at very long duration of cyclic straining. Because maximum effects were mostly observed at 90° orientation we calculated statistical significance and effect size from the individual values of the radial orientation function at this angle. For details see [Materials and methods](#sec002){ref-type="sec"}. Results are given in [S1 Dataset](#pone.0210570.s003){ref-type="supplementary-material"}. We find statistically significant effects already at 5 min duration for microtubules and vimentin whereas the actin signal reaches clear significance only at 30 min and beyond. Nevertheless, after 8 h effect size is highest in actin, intermediate in microtubules and lowest for vimentin.

From these plots the angle under which the respective cytoskeleton ordered was determined as the angle of highest correlation, that is, the angle under which the absolute maximum of the radial orientation function of the individual cell occurred. It will be called \"preferred direction\" in the following. As this parameter describes just the preferential direction of the cytoskeletal systems that is also determined by the structure-tensor based approaches (e.g. \[[@pone.0210570.ref008]\]), we will not discuss the statistics of the preferred directions further beyond mentioning that both algorithms gave similar final conclusions.

In the averaged autocorrelograms line profiles were drawn along the preferred direction. Again actin reacted strongest to mechanical straining with a pronounced increase in correlation along the preferred direction. Compared to actin, microtubules exhibited markedly less correlation after 8 h of stretching. Moreover, vimentin barely displayed any reaction at all, see [Fig 4](#pone.0210570.g004){ref-type="fig"}. Thus, we found similar effects in both types of order analyzed, translational and rotational order.

![Translational order increases during reorientation.\
Shown is the evolution of translational order along the angle of highest correlation (the preferred direction) during reorientation. From left to right: actin, microtubules, and vimentin. Correlograms were averaged and normalized by their value at the origin. Bars are standard error of mean. Sample sizes as in [Fig 3](#pone.0210570.g003){ref-type="fig"}. Note that 4 h, 2 h, and 1 h duration were not measured for vimentin.](pone.0210570.g004){#pone.0210570.g004}

### Strain-induced increase of intrinsic cytoskeletal order {#sec011}

The above analysis of population averaged autocorrelograms clearly showed a significant increase in cytoskeletal order upon cyclic straining, most pronounced for actin. Presumably two different effects contribute to this. First, cytoskeletal systems in individual cells change their orientation as a whole with the entire cell (cf. [Fig 1](#pone.0210570.g001){ref-type="fig"}), that is, they simply follow the cell body because they are enclosed in its elongated shape. Since without external straining the preferred orientation of a given cell is random and with cyclic straining it reorients towards an externally defined axis, intrinsic cell orientations are progressively aligned with increasing duration of straining. Obviously, even if the order within a cell remained unchanged, this will result in higher and narrower peaks of the averaged correlograms. Second, the cytoskeletal order within each cell, irrespective of the overall cell orientation, might increase with prolonged stretching.

To disentangle these two effects we analyzed our data in a slightly different way: After determining the orientation of the cytoskeleton within a given cell its correlogram was rotated so that the preferred direction was at 90°. Only after this, correlograms of different cells were averaged as before. This alignment procedure removed the effects of angular rotation of the cell body and the cytoskeletal systems with it. Each increase in order seen after this alignment step was solely due to an increase in cytoskeletal order in individual cells. We refer to this type of order as \"intrinsic order\".

The results of this analysis (Figs [5](#pone.0210570.g005){ref-type="fig"} and [6](#pone.0210570.g006){ref-type="fig"}) clearly indicated, first, the presence of considerable orientational order within individual cells even before straining and, second, a very substantial increase of orientational ([Fig 5](#pone.0210570.g005){ref-type="fig"}) and translational ([Fig 6](#pone.0210570.g006){ref-type="fig"}) order of the actin cytoskeleton within each cell as a result of cyclic straining. The microtubule network also showed an appreciable increase of intrinsic order whereas vimentin remained mostly unaffected. Moreover, actin order built up continuously starting from 30 min duration of straining to the very end (8 h). In contrast, microtubule order increased in just one single step between 30 min and 1 h. Statistical significance and effect size are given for the intrinsic radial orientation function (at an angle of 90°) in [S2 Dataset](#pone.0210570.s004){ref-type="supplementary-material"}. Intriguingly we found for all three cytoskeletons highly significant effects already after 5 min. After this short duration peak values were clearly reduced, as indicated by negative effect sizes (-0.34, -0.32, and -0.45 for actin, microtubules and vimentin, respectively). For longer durations the values of the intrinsic orientational order increased again. This resulted first in return to values similar to the control and, thus, vanishing or lower statistical significance at 10 min and 20 min duration. For longer periods, order was rebuild and increased beyond control values. In vimentin this increase was quite moderate with effect sizes of 0.34 after 30 min and only 0.25 after 8 h, whereas microtubule order increased strongly (effect size 1.3 after 8h) and actin even more so (effect size 2.0 after 8 h). Thus the three cytoskeletal systems responded very differently to cyclic straining. Actin bundles, and a bit less so, microtubules increased their intrinsic radial orientational order as well as their intrinsic translational order. However, intrinsic vimentin order showed only very modest changes.

![Actin intrinsic orientational order increases strongly with prolonged stretching.\
Autocorrelograms of individual cells were aligned before calculating the radial orientation functions and averaging them. From left to right: actin, microtubules, and vimentin. Population averages are shown, offset (value at 0°) subtracted. Color code depicted at the right and scale shown at the left apply to all graphs. Bars denote standard error of mean; for clarity, only highest and lowest value shown. Sample sizes are as in [Fig 3](#pone.0210570.g003){ref-type="fig"}.](pone.0210570.g005){#pone.0210570.g005}

![Intrinsic translational order increases during reorientation.\
From left to right: actin, microtubules, and vimentin. Correlograms were aligned and normalized by their value at the origin before averaging. Shown are values along the direction of shallowest decay. Bars show standard error of mean. Sample sizes are as in [Fig 3](#pone.0210570.g003){ref-type="fig"}.](pone.0210570.g006){#pone.0210570.g006}

The different ways in which the different cytoskeletal systems reacted to external straining are clearly seen in a plot of the intrinsic translational order, see [Fig 7](#pone.0210570.g007){ref-type="fig"}. Before straining, intrinsic translational order of the three cytoskeletal systems is very similar with slightly lower correlations for vimentin than for the other two systems. After 8 h of straining, however, the intrinsic translational order of actin increased substantially, the one of microtubules only marginally, and vimentin displayed no significant reaction at all.

![Intrinsic translational order reacts in a graded fashion for the different cytoskeletal systems.\
Shown are line profiles along the preferred direction in averaged autocorrelograms for control samples (left) and after 8 h of cyclic straining (right).](pone.0210570.g007){#pone.0210570.g007}

Taken together, in the overall reaction to external straining, aligning of cell orientations and increasing intrinsic order contribute about equally for actin. For microtubules, intrinsic order still changes significantly but for vimentin this process is only very weak.

Relation between different cytoskeletal systems {#sec012}
-----------------------------------------------

As next step, the interrelation between different cytoskeletal systems was analyzed. Because we were not able to establish an experimental protocol reliably resulting in high quality simultaneous staining of all three cytoskeletal systems, we could analyze only the relation between actin and microtubules and between microtubules and vimentin. In both cases we built on our above procedure for the autocorrelation analysis with the one modification that here two different masks determined for one and the same cell were cross-correlated.

The cross-correlation function, *CC*, of two masks, *I*~*1*~ and *I*~*2*~, is given by $$CC\left( {i,j} \right) = \frac{1}{\left( {N - i} \right)\left( {M - j} \right)}{\sum\limits_{k = 1}^{N - i}{\sum\limits_{l = 1}^{M - j}{I_{1}\left( {k,l} \right)I_{2}\left( {i + k,j + l} \right)}}}$$ where *N* and *M* are the dimensions of the smallest rectangle enclosing the masks.

Cross-correlograms, [Fig 8](#pone.0210570.g008){ref-type="fig"}, exhibited a central peak residing over a background whose intensity varied only on extremely large length scales. This central peak indicated to which extent the different cytoskeletal systems overlapped. The smooth background originated from the fact that we cross-correlated rectangular regions enclosing the respective cells where the out-of-cell regions were black and most often in the periphery of the rectangle. With increasing displacements the still overlapping regions of the rectangles contained an increasing fraction of out-of-cell areas with the consequence of reduced values of the correlograms. Because even for the longest duration of stretching cross-correlograms indicated no preferential orientation beyond the halo artifact (cf. [Fig 8](#pone.0210570.g008){ref-type="fig"}), we focused here on a comparison between control (no stretch) and 8 h duration of stretch.

![Stretching reduces resemblance between cytoskeletal systems.\
Shown are normalized average cross-correlograms. For all correlograms: maximum set to 1.0; gray scale ranges from 0.5 (black) to 1.0 (white). Scale bars, 2 μm. In the lower row intensities along horizontal lines through the maxima are displayed. A) Actin versus microtubules, unstrained (415 cells, maximum cross-correlation 0.035); B) actin versus microtubules, 8 h stretch (299 cells, maximum 0.0312); C) vimentin versus microtubules, unstrained (448 cells, maximum 0.0481); and D) vimentin versus microtubules, 8 h stretch (389 cells, maximum 0.0432).](pone.0210570.g008){#pone.0210570.g008}

We found for the cross-correlation of the actin mask with the microtubule mask a peak height (as measured from the background level) of 3.9 10^−3^ residing on a background of 31 10^−3^ without stretch and 1.7 10^−3^ (background 29 10^−3^) after 8 h stretch. For vimentin with microtubules these values were 16 10^−3^ (background 31 10^−3^) without and 12 10^−3^ (background 31 10^−3^) after 8 h stretch. From these measurements it is very obvious that the microtubule cytoskeleton and the vimentin cytoskeleton display a much higher cross-correlation than the microtubule and actin cytoskeleton. Here, again, actin is set apart from the other two cytoskeletal systems. Notably, prolonged cyclic stretch reduced both cross-correlations.

In principle, even two randomly distributed and unrelated networks will show some cross-correlation if they are contained in the same delimiting shape. Moreover, microtubule and vimentin density decreased from the center to the periphery of the cell. For these reasons it was not clear if the observed cross-correlations were significant or just the result of chance. To answer this question, we cross-correlated cytoskeletal systems (actin versus microtubules and vimentin versus microtubules) contained in different, randomly selected cells with identical stretch history. Obviously, cytoskeletal systems from different cells cannot exhibit a biologically meaningful resemblance on short length scales thus all cross-correlations observed here are not biologically meaningful.

Because the two unrelated cytoskeletons originating from different cells filled differently shaped regions, the analysis had to be slightly modified. Before, we used the information of the full area of the cell. Here, analysis was limited to the largest circle that fitted into both cells. All other data were ignored. Specifically, we cross-correlated the binary mask representing the actin cytoskeleton in one cell with that of the microtubules in another, randomly chosen cell within the largest circle that could be placed into both cells. This was repeated for all cells and the resulting cross-correlograms averaged. The same procedure was used for controls and stretch duration of 8 h as well as for calculation of cross-correlograms of vimentin with microtubules. The resulting cross-correlograms ([Fig 9](#pone.0210570.g009){ref-type="fig"}) exhibited no structure besides a slight cross-shaped artifact. This originated from the fact that to maintain the run time efficiency of the fast Fourier transform, cross-correlograms were calculated in square-shaped regions enclosing the circular region from which data were used. Therefore in [Eq 2](#pone.0210570.e005){ref-type="disp-formula"} the overlap area of two circles shifted by the vector *(i,j)* should have been used for normalization instead of the factor *(N-i)(M-j)*.

![Central peaks in cross-correlograms indicate overlap of cytoskeletal systems.\
Shown are normalized average cross-correlograms between cytoskeletal systems taken from different, randomly selected cells calculated within the largest circle fitting into both cells. Therefore only artificial correlations can occur. For all correlograms: maximum set to 1.0; gray scale ranges from 0.5 (black) to 1.0 (white). Scale bars, 2 μm. In the lower row intensities along horizontal lines through the maxima are displayed. A) Actin versus microtubules, unstrained (415 cells, maximum cross-correlation 0.0517); B) actin versus microtubules, 8 h stretch (299 cells, maximum 0.0436); C) vimentin versus microtubules, unstrained (448 cells, maximum 0.0517); and D) vimentin versus microtubules, 8 h stretch (389 cells, maximum 0.0504). Note the absence of central peaks (cf. [Fig 8](#pone.0210570.g008){ref-type="fig"}).](pone.0210570.g009){#pone.0210570.g009}

The absence of central peaks in these cross-correlograms showed that these peaks specifically indicated overlap of different cytoskeletal systems. They were not due to indirect effects like spatial variation of cytoskeletal density or similarity of cell shapes.

Yet the two cross-correlation analyses differed in the cell areas used for calculation. For comparison of different cytoskeletal systems within one cell ([Fig 8](#pone.0210570.g008){ref-type="fig"}) calculation was done in the full cell area whereas for the significance test ([Fig 9](#pone.0210570.g009){ref-type="fig"}) circular areas were used only. Therefore we had to check if this different region of analysis would alter the findings obtained for the full cell ([Fig 8](#pone.0210570.g008){ref-type="fig"}). This spatially restricted cross-correlation analysis of different cytoskeletal systems within the same cells gave similar main findings as before, compare Figs [8](#pone.0210570.g008){ref-type="fig"} and [10](#pone.0210570.g010){ref-type="fig"}. Still some intriguing variations were seen in quantitative details.

![Restricting cross-correlation analysis to the central region of the cell, that is the largest circle fitting into it, gives similar results as compared to the full cell analysis.\
Shown are normalized average cross-correlograms taken from the largest circle fitting into the cell. For all correlograms: maximum set to 1.0; gray scale ranges from 0.5 (black) to 1.0 (white). Scale bars, 2 μm. In the lower row intensities along horizontal lines through the maxima are displayed. A) Actin versus microtubules, unstrained (415 cells, maximum cross-correlation 0.0527); B) actin versus microtubules, 8 h stretch (299 cells, maximum 0.0432); C) vimentin versus microtubules, unstrained (448 cells, maximum 0.0481); and D) vimentin versus microtubules, 8 h stretch (389 cells, maximum 0.0432).](pone.0210570.g010){#pone.0210570.g010}

In detail, for the cross-correlation of actin with microtubules we found a small peak of a mere 2.4 10^−3^ (as measured from the background level) residing on a background of 50 10^−3^ without stretch. The respective values were 1.4 10^−3^ and 41 10^−3^ after 8 h cyclic stretching. Cross-correlation of vimentin with microtubules resulted in a pronounced peak of 26 10^−3^ height residing on a background of 50 10^−3^ without stretch and 20 10^−3^ peak height on a 49 10^−3^ background after 8 h cyclic stretching. Compared to the cross-correlation using the full cell shape we found higher cross-correlations for vimentin with microtubules and lower values for actin with microtubules. Because the procedure of using only the largest circle fitting into the cells removes the most peripheral regions from the analysis, this result implied a spatial dependence of the cross-correlations. The cross-correlations between actin and microtubules were higher at the periphery of the cell than in the center while the opposite held for the cross-correlations of vimentin and microtubules. Again, prolonged stretch reduced the cross-correlations between both cytoskeletal systems.

Effects of microtubule depolymerization {#sec013}
---------------------------------------

For a further exploration of the interdependence between the different cytoskeletal systems we disrupted the microtubule cytoskeleton with nocodazole. We did not attempt to investigate cells that were treated with latrunculin to depolymerize the actin cytoskeleton because Zielinski et al. already reported for such cells a complete breakdown of structure upon stretching \[[@pone.0210570.ref036]\]. In our experiments duration of stretching was limited to 30 minutes since at longer periods cells were visibly harmed. Moreover, control experiments where cells were treated with DMSO alone showed less well developed microtubule cytoskeletons than cells that were not exposed to this solvent. Typical results are shown in [Fig 11](#pone.0210570.g011){ref-type="fig"}.

![Depolymerization of microtubules leaves actin response intact.\
Shown are exemplary micrographs of cells treated with 10 μM nocodazole (A, B) and control cells treated with equal amounts of DMSO (C, D). Staining for actin (A, C) and tubulin (B, D). All cells: duration of straining 20 min, stretch direction vertical. Scale bars, 20 μm.](pone.0210570.g011){#pone.0210570.g011}

From these data we extracted radial orientation functions of the actin cytoskeleton (compare [Fig 3](#pone.0210570.g003){ref-type="fig"} for untreated cells) and intrinsic orientational order (compare [Fig 5](#pone.0210570.g005){ref-type="fig"} for untreated cells). The results are displayed in [Fig 12](#pone.0210570.g012){ref-type="fig"}. They clearly showed that the build-up of order was very similar in both sample types. In other words, the absence of the microtubule network did not impede the build-up of order in the actin cytoskeleton. In fact, the data even showed a tendency for a slightly faster kinetics that is also reflected in the statistical comparison of both sets of data ([S3 Dataset](#pone.0210570.s005){ref-type="supplementary-material"}). Here we found significantly higher intrinsic order for nocodazole treated cells after 10 min and 20 min straining (effect sizes of 0.44 and 0.52, respectively), at all other conditions intrinsic order did not significantly depend on nocodazole treatment. No significant differences at all were found in the radial orientation function, that is without alignment of autocorrelograms before averaging. Overall these data and our analyses showed that reorientation and build-up of intrinsic order in the actin cytoskeleton did not depend on the presence of an intact microtubule network.

![Depolymerization of microtubules leaves actin orientational order intact.\
Shown are radial orientation functions (top row, compare [Fig 3](#pone.0210570.g003){ref-type="fig"}) and intrinsic radial orientation obtained by aligning autocorrelograms before average (bottom row, compare [Fig 5](#pone.0210570.g005){ref-type="fig"}) of cells treated with 10 μM nocodazole (left column) or DMSO alone (right column). Population averages are shown, offset (value at 0°) subtracted. Direction of strain was 0°. Bars are standard error of mean; for clarity only highest and lowest value at each condition shown. Sample sizes were for nocodazole treatment 58, 98, 87, 52, and 111; for DMSO alone 83, 88, 76, 95, and 107, both in order from long to short duration.](pone.0210570.g012){#pone.0210570.g012}

Discussion {#sec014}
==========

In this project we established a two-step algorithm to quantify cytoskeletal order from immunofluorescence micrographs. Micrographs were first converted into binary masks representing cytoskeletal structures. Subsequently correlations in these masks were analyzed. For the identification of cytoskeletal structures we reasoned that they should exhibit high intensity variation on short length scales, at least in one direction, because they are formed by thin fibers. Therefore we used the variance of gray values in a circular region of approximately 0.8 μm radius as selection criterion. Obviously, this type of segmentation will not discriminate against other small objects like small debris of fluorescent label or even noise in the image. Because we were aiming for a conceptually simple algorithm with transparent functioning and virtually no user interaction, we decided to restrict all further reduction of artifacts to the deletion of isolated regions of size one pixel as these cannot form parts of fibrous structures. All further steps would have entailed many, very specific criterions that would have to be tailored for each type of cytoskeleton in each specific cell type. By this we would have lost the possibility to compare different cytoskeletal systems. This contribution of non-cytoskeletal origin could be tolerated because the subsequent correlation step is extremely efficient in extracting repetitive features even from very noisy data. Thus all point-like, roundish or irreproducible features just contributed to the overall noise-floor of the final correlogram. However, the presence of non-fibrous structures in the masks was certainly diminishing the values of the correlation functions.

These correlograms clearly showed directions of fiber orientations, see [Fig 2](#pone.0210570.g002){ref-type="fig"}. These orientations can be also determined by texture analysis as presented e.g. in \[[@pone.0210570.ref008]\]. However, correlograms contain much more information on cytoskeletal order than just this one angle. First of all, the decay of the correlation along this direction (see [Fig 4](#pone.0210570.g004){ref-type="fig"}) was determined. Here, especially averages over cell populations strained for long durations were instructive. As expected, the lateral correlation was highest for actin and least for vimentin. However, correlations were relatively short ranged, with actin order reaching out to about 3 μm, vimentin to only about 1 μm and microtubules in the middle (cf. [Fig 4](#pone.0210570.g004){ref-type="fig"}). While this appeared surprising, especially for actin (cf. [Fig 2](#pone.0210570.g002){ref-type="fig"}), a closer inspection of micrographs showed many shorter filaments and other small structures besides very prominent, straight and long stress fibers. Moreover, the spread in orientation of the different stress fibers also contributed to the decay of the correlation function.

Especially micrographs of the actin cytoskeleton often showed an obvious preferential orientation even for unstrained cells that was lost during averaging because the orientations of different cells were unrelated. Thus even without stretching there was cytoskeletal order and two different processes, namely alignment of cells and increasing order within each cell, could contribute to the ordering phenomena observed. To answer this question we analyzed the average intrinsic order by aligning the individual correlograms before they were averaged. Indeed, the results of this procedure were consistent with the above analysis of averaged correlograms and showed the main findings with even higher clarity. Both, in radial and transverse direction, actin displayed the highest order and reacted most to cyclic straining, cf. Figs [5](#pone.0210570.g005){ref-type="fig"}--[7](#pone.0210570.g007){ref-type="fig"}. The increase of order took place from 30 min duration to 8 h, the longest duration tested. In contrast, microtubules still reacted to cyclic strain but to a much lower degree and with a different time course. Here the buildup of order occurred in one step from 30 min duration to 1 h. Surprisingly, intrinsic vimentin order seemed almost identical for control cells and after 8 h of stretching. These differences in kinetics are most likely at least in part due to the influence of strain on protein synthesis and turnover.

An intriguing observation is the decay of order after short straining of 5 min duration followed by a slower rebuilding of order. This effect was clearly seen in aligned correlograms with high statistical significance and moderate effect sizes of about -30%. This partial disorganization of the actin cytoskeleton is most likely related to the stretch induced cytoskeletal fluidization found by the Fredberg group from the mechanics of single cells undergoing stretch \[[@pone.0210570.ref045], [@pone.0210570.ref046]\]. Surprisingly similar effects were seen in all three cytoskeletons.

Thus while the initial response of the three cytoskeletal systems to stretching appears similar, the long time response is clearly different: Actin reacts most, microtubules less so and the intermediate filament vimentin barely. This is in line with the biological state of endothelial cells plated on a fibronectin coated substrate without contact to neighbors. In this situation these cells adhere mostly via focal adhesions to the extracellular matrix. In these adhesion structures the actin cytoskeleton is linked via a plethora of connecting proteins to the intracellular domains of integrins that, in turn, are bound to the extracellular matrix \[[@pone.0210570.ref047]--[@pone.0210570.ref049]\]. Within the cell focal adhesions are connected by stress fibers that are thick bundles of actin fibers containing also cross-linking and motor proteins \[[@pone.0210570.ref050]--[@pone.0210570.ref052]\]. Therefore mechanical strain of the substrate is directly acting on connected actin fibers. This is most likely the cause for the prominent reaction of actin to external stretching observed here. In addition, the almost complete breakdown of cytoskeletal order upon cyclic stretch of latrunculin treated cells observed by Zielinski et al \[[@pone.0210570.ref036]\] further highlights the dominant role of the actin cytoskeleton in cellular response to cyclic substrate strain. Thus at least for endothelial cells at moderate external strain, the actin cytoskeleton is the structure that has to bear the load.

Microtubules are well known to interact transiently with focal adhesions. As a result of these interactions focal adhesion turn-over is increased and microtubule dynamics is altered \[[@pone.0210570.ref053]--[@pone.0210570.ref055]\]. However, this type of contact is short lived and most frequently associated with destabilizing of focal adhesions whereas stabilization of microtubules by focal adhesions is rarely mentioned \[[@pone.0210570.ref056]\]. Thus the motion of focal adhesions with the substrate is expected to only indirectly influence microtubules. In contrast, vimentin has been described to associate at least with a sizeable fraction of matrix adhesions in microvascular endothelial cells \[[@pone.0210570.ref057], [@pone.0210570.ref058]\] and fibroblasts \[[@pone.0210570.ref059]\]. Thus vimentin is expected to be exposed to substrate strain via the motion of cellular adhesions with the substrate whereas microtubules are only indirectly affected. Therefore it is slightly surprising that in our experiments microtubules showed a significant response to external stretching while vimentin barely reacted. A possible explanation for this counterintuitive behavior might be the extreme flexibility of the vimentin system that is very disordered and consists of extremely flexible fibers. It might be that the strain applied here is simply not large enough to induce vimentin reorganization.

Up to now only direct linkages of the individual cytoskeletal systems to substrate stretch have been discussed. However, numerous proteins have been described to directly or indirectly cross-link two of the three cytoskeletal systems. On one hand such molecules may serve to transmit mechanical strain from one cytoskeleton to another. On the other hand, their action should result in spatial correlations between the different cytoskeletal systems. These were studied here by cross-correlation, cf. Figs [8](#pone.0210570.g008){ref-type="fig"}--[10](#pone.0210570.g010){ref-type="fig"}. This analysis revealed a strong linkage of microtubules with vimentin while actin and microtubules displayed very weak correlations. The latter fact is in line with literature \[[@pone.0210570.ref014], [@pone.0210570.ref016]\] and our results on nocodazole treated cells (cf. Figs [11](#pone.0210570.g011){ref-type="fig"} and [12](#pone.0210570.g012){ref-type="fig"}) where almost identical behavior of the actin cytoskeleton for cells with intact and cells with depolymerized microtubules was found.

The weak correlations between actin and microtubules are slightly surprising because a coupling of microtubule and actin movements was described in locomoting epithelial cells \[[@pone.0210570.ref060]\]. Moreover, many interconnecting molecules have been described, for a recent review see \[[@pone.0210570.ref061]\]. For example, members of the formin protein family exhibit both actin and microtubule binding domains \[[@pone.0210570.ref061]\] and a corresponding *in vivo* function has been established for the Drosophila formin Cappuccino \[[@pone.0210570.ref062]\]. However, formins bind mostly at the plus end of microtubules \[[@pone.0210570.ref063]\]. Therefore, these molecules can cause only very localized correlations between actin and microtubules that most likely are not sufficiently frequent to show up in our analysis that is based on all fibers at all locations in the cell.

Remarkable in this context is also that many more proteins mediate interactions between microtubule ends and actin or actin-rich structures. An example is ACF7 (actin crosslinking family 7) also called MACF1 (microtubule and actin crosslinking factor 1) that is essential for connecting microtubules and actin in peripheral regions of the cell \[[@pone.0210570.ref064], [@pone.0210570.ref065]\]. A more indirect connection between microtubule ends and actin fibers is provided by G2L1 and G2L2, members of the growth-arrest-specific 2 (GAS2) protein family. These molecules connect actin stress fibers and microtubule end binding proteins. Therefore the consequences of this indirect interaction are most conspicuous in peripheral regions of the cell \[[@pone.0210570.ref066]\]. Thus more interaction between actin fibers and microtubules is expected in peripheral regions of the cell. This is in line with our finding that exclusion of peripheral regions of the cells from the cross-correlation analysis resulted in reduced correlation between actin and microtubules (compare Figs [8](#pone.0210570.g008){ref-type="fig"} and [10](#pone.0210570.g010){ref-type="fig"}).

In view of the molecular links between actin and microtubules discussed above one would also expect a relevant influence of microtubules on the actin cytoskeleton. However, no such effect was found in our experiments on nocodazole treated cells (cf. Figs [11](#pone.0210570.g011){ref-type="fig"} and [12](#pone.0210570.g012){ref-type="fig"}). We believe this to be a consequence of kinetics, as especially the indirect interaction via microtubule end binding proteins cannot act faster than the growth kinetics of microtubules in cells. Unfortunately we could not test this hypothesis because nocodazole induced cell damage already after approximately 1 h incubation.

The high cross-correlation between vimentin and microtubules is also consistent with insight from cell biology, for a review see \[[@pone.0210570.ref067]\]. Vimentin filaments were shown to associate with detyrosinated microtubules that form a small and stable subset of the microtubule network \[[@pone.0210570.ref068]\]. Beyond this, a more general microtubule-vimentin cross-linking activity was shown for plectin \[[@pone.0210570.ref069]\]. The dependence of vimentin filament coalignment with microtubules on the motor protein kinesin is known since a quarter of a century \[[@pone.0210570.ref070]\]. Later life cell microscopy studies clearly showed that vimentin filaments are formed from very small precursors, termed \"dots\" that fuse to still short filaments, called \"squiggles\", which are finally fusing to the ends of growing filaments. These precursors are transported along microtubules by the microtubule attached motor proteins kinesin \[[@pone.0210570.ref071]\] and dynein \[[@pone.0210570.ref072], [@pone.0210570.ref073]\]. Recent work along these lines demonstrated that remodeling of vimentin filaments occurs via severing of old filaments and reannealing to other filaments \[[@pone.0210570.ref074]\]. Therefore active transport of short vimentin filaments along microtubules is decisive not only for the growth of new filaments but also for a permanent remodeling of the whole network \[[@pone.0210570.ref074]\]. Besides being transported bidirectionally along microtubules by kinesin and dynein, short vimentin filaments are frequently trapped by a strong association with filamentous actin \[[@pone.0210570.ref075]\]. Therefore the vimentin network is shaped by both microtubules and actin fibers with microtubules having the dominant effect. Surprisingly, the cross-correlation between microtubules and vimentin was increased by exclusion of peripheral cell regions from analysis, compare Figs [8](#pone.0210570.g008){ref-type="fig"} and [9](#pone.0210570.g009){ref-type="fig"}. This spatial distribution of correlation has yet to be explained and requires further study.

We observed that prolonged cyclic stretching reduced the cross-correlations of actin with microtubules and of vimentin with microtubules, see [Fig 8](#pone.0210570.g008){ref-type="fig"} or [Fig 9](#pone.0210570.g009){ref-type="fig"}. In view of the fact that the actin cytoskeleton and, to a lesser degree, microtubules as well ordered upon stretching, cf. Figs [3](#pone.0210570.g003){ref-type="fig"}--[6](#pone.0210570.g006){ref-type="fig"}, this was a major surprise. This finding of stretch-induced decoupling of cytoskeletal systems might be caused by the fact that several molecular mechanisms causing co-alignment are not due to direct static cross-linking of filaments but are of dynamical nature and act mostly during the development of the individual cytoskeletal systems. If this is indeed the major contribution to the reduction of cross-correlation upon prolonged cyclic stretch, it implies that assembled cytoskeletal structures reorient mostly as a whole with only a limited amount of molecular turnover. Moreover, at least some processes causing the ordering of actin seem to act within this cytoskeletal system alone with little coupling to others. This is highlighted by the fact that actin reorients and orders almost identically in cells with and without microtubules (cf Figs [11](#pone.0210570.g011){ref-type="fig"} and [12](#pone.0210570.g012){ref-type="fig"} as well as \[[@pone.0210570.ref014], [@pone.0210570.ref016]\]). These hypotheses could be tested for example by transient knock-down of key cross-linkers or signaling molecules in a similar analysis as described here.

To summarize our findings, the actin-based cytoskeleton is the cellular structure that reacts most prominently to external stretch. The underlying mechanosensory mechanisms are most likely affected by molecules that are mechanically connected more or less directly to the actin cytoskeleton. Clearly, the mechanisms by which external stretch controls order within cytoskeletal systems and the interrelation between different cytoskeletal systems deserve future study and will likely yield more surprises.

Supporting information {#sec015}
======================

###### Autocorrelograms reflect translational order of fibrous structures.

Shown are actin cytoskeletons and correlograms of control cells (no straining) exhibiting bimodal (left pair) or trimodal (right pair) order of filaments. Scale bars, 10 μm for micrographs, 2 μm for correlograms. Logarithmic lookup table for correlograms.

(TIF)

###### 

Click here for additional data file.

###### Analysis of synthetic data shows that orientation and length of fibrous structures can be read from autocorrelograms.

Hundred rectangles (5 by 200 pixel) oriented under 34° to the vertical axis with realistic intensity noise added (top left) were segmented (top middle) and autocorrelated (top right, only central 201 x 201 pixels are shown). Line profiles of the correlogram along (bottom left) and normal (bottom right) to the feature orientation are also shown. Note the dark halos around lines and spot-noise in the segmentation. These were a filter-induced artifact and caused a pronounced depression of the correlogram in direction perpendicular to the lines. Fiber length was encoded in the slope of the linear decay of the correlogram along fiber direction.

(TIF)

###### 

Click here for additional data file.

###### Statistical significances (KS test, upper table) and effect sizes (see [Materials and methods](#sec002){ref-type="sec"}, lower table) for radial orientation functions ([Fig 3](#pone.0210570.g003){ref-type="fig"}) of actin, microtubules and vimentin at an angle of 90° towards stretch.

Sample sizes are given in [Fig 3](#pone.0210570.g003){ref-type="fig"} caption.

(XLS)

###### 

Click here for additional data file.

###### Statistical significances (KS test, upper table) and effect sizes (see [Materials and methods](#sec002){ref-type="sec"}, lower table) for intrinsic radial orientation functions ([Fig 5](#pone.0210570.g005){ref-type="fig"}) of actin, microtubules and vimentin at an angle of 90° towards stretch.

Sample sizes are given in [Fig 3](#pone.0210570.g003){ref-type="fig"} caption.

(XLS)

###### 

Click here for additional data file.

###### Statistical significances (KS test) and effect sizes (see [Materials and methods](#sec002){ref-type="sec"}) for a comparison of radial orientation functions of the actin cytoskeleton (values at 90°, see [Fig 12](#pone.0210570.g012){ref-type="fig"}) of cells treated with nocodazole and control cells treated with DMSO alone.

Moreover, same analysis for intrinsic radial orientation of actin, i.e., alignment of correlograms before averaging.

(XLSX)

###### 

Click here for additional data file.
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